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Nanoparticles and nanoparticle aggregates sizing by DLS

and AFM
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Nanofluids are suspensions of nano to micrometer sized particles in liquids. A nontypical Dynamic Light Scattering
experiment was conducted for measuring the nanoparticles and the aggregates diameter in aqueous suspension. Atomic
Force Microscope (AFM) measurements were also carried on and the results are discussed.
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1. Introduction

When a small amount of nanoparticles is added to a
fluid, the heat transfer properties are considerably
enhanced [1]. Such a suspension is currently named a
nanofluid; it is a relatively new notion and was first
mentioned by Choi in 1995 [2].

Gravity, Brownian force, buoyant and friction force
between fluid and the particles lead to a continuous,
irregular motion of the nanoparticles in nanofluids. The
irregular nanoparticle motion in the fluid is the cause the
remarkable enhancement of heat transfer properties of the
nanofluids [3-6]. The irregular motion directly depends of
the particle dimension therefore the particle size
distribution dictates the rheological properties of the
nanofluid.

The living cells have dimensions of the order of
microns and parts of the order of tens to hundreds of
nanometers. Some proteins are even smaller, having
dimensions around 5 nanometers. With this in mind, it was
easy to imagine that nanoparticle structured materials can
be used in many ways to investigate, to modify living cells
or to deliver certain substances or drugs to them without
perturbing much the cells. Thus many practical
applications were developed in the last years and are
nicely presented in [4] and in many other review papers,
like [7]. Some of the possible applications can be: drugs
and gene delivery [8], biodetection of pathogens [9] and
proteins [10], investigation of DNA structure [11], tissue
engineering [12], tumour destruction using hyperthermia
[13], Magnetic Resonance Imaging contrast enhancement
[14], to mention just a few of them.

The nanoparticles usually form the core of nano-
biomaterial; it can be used as a convenient surface for a
molecular assembly, and may be composed of inorganic or
polymeric materials. The typical shape is spherical but
other shapes as cylindrical and plate-like are possible. The
size and size distribution is crucial if penetration through a
cellular membrane is intended. The size and size
distribution are extremely important when quantum-sized
effects are used to control material properties, as well. A
tight control of the average particle size and a narrow

distribution of sizes allow creating fluorescent probes that
emit narrow light in a very wide range of wavelengths [7].

Once a nanoparticle sample is prepared, it is
characterized; the average particle size and size
distribution are some of the mandatory physical properties
to be determined. The Transmission Electron Microscopy
(TEM) is currently used in characterizing nanoparticles
and nanometer to micrometer sized clusters. While it
offers the best resolution, the sample requires specific
preparation to be shaped as a very thin film and finally is
placed in vacuum and becomes target for the electron
beam. The technique is expensive and time consuming.

A convenient approach is to use optical methods
involving a coherent light scattering experiment. The
target is the suspension, the far field is recorded and the
statistical analysis of the speckle image is performed. The
speckled image appears as a result of the interference of
the wavelets scattered by the scattering centers (SC
hereafter), each wavelet having a different phase and
amplitude in each location of the interference field. The
image changes in time as a consequence of the scattering
centers complex movement of sedimentation and
Brownian motion giving the aspect of “boiling speckles”
[15], [16]. In papers like [17] an optical set-up is used to
measure the correlation function in the near field, and
reveals the near-field speckle dependence on the particles
size. The work reported in [18], [19] uses a transmission
optical set-up to measure the far field parameters like
contrast and speckle size and reveals that speckle size and
contrast are related with the average particle diameter.
Reference [20] revealed a strong variation of the average
speckle size and contrast with the concentration of the
scattering centers, but the work described here deals with
samples that can have both different nanoparticle
concentration and size, therefore the speckle analysis
technique is not the best suited for particle sizing.

A convenient alternative to these techniques and
others not mentioned in this introductory part is based on
the fact that the nanoparticles have a continuous, irregular
motion in nanofluids, which is the effect of several factors
such as Brownian force, buoyant force, friction force
between fluid and the particles and gravity, which
becomes significant for micron sized particles but can be
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neglected for nanometer sized particles [21], [22], [23].
The method is called Dynamic Light Scattering (DLS) or
Photon Correlation Spectroscopy (PCS) and the physical
principles of the method are explained in [15 -17] and
other papers following them. The DLS technique was used
in the work reported here to assess the average
nanoparticle size and is described in the dedicated section
of this paper.

Another optical alternative to measure the average
nanoparticle size in suspension is the modified version of
the Static Light Scattering (SLS) experiment. The light
scattering anisotropy coefficient g strongly depends of the
scattering center diameter. A functional dependence of the
g parameter with the nanoparticle diameter can be derived
using Mie calculations. Once the g parameter is measured
using a least square fit, the average diameter can be
derived using the functional dependence calculated for that
particular type of nanoparticles, as described in [24].

An alternative technique that can be used to assess the
nanoparticle size is the Atomic Force Microscopy (AFM).
One of the papers that reports using AFM for nanoparticle
sizing is [25]. A comparison of the TEM with the AFM
results is presented in [26]. The results in [25] reveal that
the AFM measured nanoparticle diameter appears to be
reduced with 20% and the standard deviation appears to be
increased with 15%. The differences in the diameter and in
the standard deviation findings were associated with the
AFM tip and the nanoparticle concentration on the
substrate. The AFM technique and the results using it are
presented in the dedicated section of this paper.

The following section describes the DLS procedure
used for assessing the average nanoparticle size.

2. Nanoparticle sizing by DLS

The procedure we used to prepare the aqueous
nanofluid is a typical coprecipitation. The reagents used
were: FeCl,'4H,0, FeCl3;'6H20, ammonium hydroxide
(NHj;[aq]), citric acid (C4HgO5), all produced by Merck,
Darmstadt. Overall the chemical reaction was:

2FeCl; +FeCl, +8NH, + 4H,0 — Fe;0, + 8NH,Cl (1)

The nanofluid was stabilised by coating the
nanoparticles with citric acid. The preparation procedure is
presented in detail in [27]. In preparing the sample used in
the work a stronger stirring was used though, with a
mechanical stirrer at 5 rot/second and the result was a
smaller average nanoparticle diameter, as it is presented
further on.

The Dynamic Light Scattering (DLS) is a technique
currently used for measuring particle size over a size range
from nanometers to microns. The light scattered by a
suspension presents fluctuations [15], [16]. By placing a
detector at a certain angle and recording the scattered light
intensity a time series is recorded. The width of the
autocorrelation function of the time series is proportional
to the diffusion coefficient, which, on it’s turn, depends of
the particle diameter [28], [29]. This leads to a fast
procedure for measuring the particle diameter.

The early experimental works [30], [31] and the later
theoretical treatises [32 - 34] proved the assumption that
the powerspectrum of the intensity of the light scattered by
particles in suspension can be linked to the probability
density function (hereafter PDF). This link between the
PDF and the powerspectrum is a consequence of the
translation of the relative motion of the scattering particles
into phase differences of the scattered light. Thus spatial
correlations are translated into phase correlations. As a
consequence of the Wiener-Khintchine-Theorem, the
powerspectrum is related to the autocorrelation of a
process. The phasecorrelations lead to fluctuations in the
intensity of the scattered light recorded using a detector
and a data acquisition system, in a typical experimental
setup as presented in Fig. 1.
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Fig. 1. A typical DLS experimental setup.

By subtracting the average intensity from the recorded
time series and calculating the square of the intensity we
obtain the power time series. The Fourier transform of the
power time series is the power spectrum. We can compare
the spectrum calculated from the experimental data with
the theoretically expected spectrum, namely the functional
form of the Lorentzian line S(f), described by equation (3).

a
S(f)=q — 1
(=2 o o

The Lorentzian line S(f) has two free parameters a,
and a; and is fit to the powerspectrum using a non-linear
minimization procedure to minimize the distance between
the data-set and the line. We notice that a, enters linearly,
thus only performing a scaling of the function in the range,
which translates into a shift in the logarithmic
representation. The a; parameter enters nonlinearly into
the function. Its effect in the loglog scaled plot can
approximately be described as a shift along the frequency
axis. The possibility to fit the whole function is
advantageous compared to the alternative method
described in [16], [30], [31], where the fj,, (the frequency
where half-maximal-height is reached) was measured,
since it takes more data points into account, thus
increasing the quality of the fit.

Once the fit is completed and the parameters are
found, the diameter of the SCs can be assessed as the
double of the radius R. The radius can be derived as a
function of the fitted parameter a; and other known
quantities using (3):

R 2k, TK :
6713, 3)

where
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In (3) kg is Boltzman’s constant, T is the absolute
temperature of the sample, 1 is the dynamic viscosity of
the solvent. In (4) 0 is the scattering angle, n is the
refractive index of the scattering particles and A is the
wavelength of the laser radiation in vacuum.

The experimental setup and other details are presented
in [35]. The wavelength was 633 nm, the light source was
a He-Ne laser and the power was 2 mW. The DLS
experiment was carried on at 20 °C. The cuvette-detector
distance D was 0.59 m and x was 0.05 m making the
scattering angle 6 equal to 4° 50° 38.4°". This is not typical
for DLS where a bigger angle is chosen, usually 90°. The
reason for choosing such a small angle is to shift the
rollover point in the Lorentzian line towards smaller a,
values, hence smaller frequencies, where the noise is
considerably smaller. These values of the experimental
parameters are slightly different from the values used in
[35]. The angle is bigger than the angle used in [35],
shifting the rollover point towards bigger frequencies.
Moreover, the data acquisition rate was 8000 per second,
considerably bigger, thus increasing the number of data
points to fit he Lorentzian line S(f) (2) to, making the fit
more precise.

First the concentrated nanoparticle suspension was
diluted in 25% citric acid, in order to prevent aggregation
and a DLS time series was recorded. As pointed out in
[24] and [35] the aggregation process in diluted aqueous
solutions is very fast, therefore an alternative solvent must
be used for accurate DLS sizing. The time series was
analyzed using the procedure described above. The
diameter was found to be 9 nm.

Later on a diluted aqueous suspension was prepared in
the cuvette and after 10 seconds a time series was recorded
using the experimental setup described above and the
parameters previously mentioned. The data processing
procedure was used. The PSD (blue line) and the fitted
Lorentzian line for the time series recorded on sample
1 m9-3 are presented in Fig. 2.

10°

10° 10° 10 10° 10° 10° 10°
f, Hz
Fig. 2. The PSD (scattered line) and the fitted Lorentzian

line (smooth) for the time series recorded on sample
Im9-3 diluted in citric acid.

The parameters of the Lorentzian line found from the
fit are: a,=0.127 and a,=8.2. Using (3) and (4) we found
that the SCs have an average diameter of 167 nm. The
PSD (blue line) and the fitted Lorentzian line for the time
series recorded 10 seconds after dilution initiation is
presented in Fig. 2. The aggregation process continues and
as pointed out in [24] and [35] after one minute it can be
considered that aggregates formation was completed.

3. AFM measurements

The atomic force microscope (AFM) is a scanning
probe microscope. The AFM uses a flexible cantilever as a
type of spring to measure the force between the tip and the
sample. The basic idea of an AFM is that the local
attractive or repulsive force between the tip and the sample
is converted into a deflection of the cantilever. The
cantilever is attached to a rigid substrate that can be held
fixed, and depending whether the interaction at the tip is
attractive or repulsive, the cantilever will deflect towards
or away from the surface [36].

The cantilever deflection is converted into an
electrical signal to produce the images. The detection
system uses a laser beam that is reflected from the back of
the cantilever onto a detector. The optical lever principle is
used. This states that a small change in the bending angle
of the cantilever is converted to a precisely measurable
deflection in the position of the reflected spot. By scanning
the sample line by line and using a calibration file for each
mode of operation and cantilever type a topography image
of the surface is reconstructed by the software that drives
the scanning process.

The AFM that was used in the work reported here is
an Agilent 5500 type. The scanning mode was ACAFM. A
soft tip, having the spring constant equal to 5 N/m was
used at low force amplitude. As the nanoparticles or
nanoparticle aggregates undergo a Brownian motion in
suspension, scanning in liquid can not be used for
nanoparticle sizing, also the microscope can be used to
scan in liquid.

Sample preparation is crucial in order to get useful
AFM images. The samples must be thin enough to have a
single layer of the objects that are studied, whether they
are micron sized cells or nanometer sized particles. The
second condition that a sample for AFM imaging must
fulfill is that the objects, nanoparticles or aggregates in this
case, must adhere well on the surface, otherwise they will
be removed by the tip of the cantilever during the scanning
process.

First, a drop of nanofluid was deposited on a freshly
cleaved mica substrate and stretched with a microscope
slide edge to form a very thin layer. The thin layer was left
for 3 hours to evaporate. The sample was attached to the
AFM plate and for the beginning a large area (5 ym x 5
um) surface scan was carried on. The 3D rendering type of
the surface topography is presented in Fig. 3.

Fig. 3 reveals that during solvent evaporation islands
of nanoparticles appeared on the substrate surface. The
resolution used in this first scan is not good enough to
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image nanoparticles on a surface, therefore several scans
were carried on selecting a flat area on the surface where
there appears to be no island. Finally, a big resolution scan
was achieved and the topography is presented in Fig. 4.
The scanned area is 0.5 um x 0.5 pm.

Fig. 3. The topography of the evaporated nanofluid
deposited on a freshly cleaved mica surface. Z axis is
in nm.

Fig. 4. A small area on the surface. Z axis is in nm.

Examining Fig. 4 we notice that the left part is two
atomic layers above the right part of the sample, and this is
the result of cleaving the mica substrate, which was done
right before depositing the sample in order to obtain a
clean surface.

We notice in the left upper corner several closed
nanoparticles on the surface and other spread across the
scanned area. 3D topography images are not the best way
to assess nanopartticles dimension, but profiles extracted
from the images can produce accurate information. Fig. 5
presents the profile extracted over the three aligned
nanoparticles in the left upper corner and Fig. 6 is a profile
parallel to the lines that separate the atomic layers of the
substrate.
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Fig. 5. The profile extracted over the three aligned
nanoparticles in the left upper corner.
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Fig. 6. A profile parallel to the lines that separate
the atomic layers of the substrate.

The difference between the top and the base line
values of the Z axes indicated the dimension of the
nanoparticle. Examining the profiles in Fig. 4 and 5 we
notice that the size of the nanoparticles is around 9 nm,
which is consistent with the DLS nanoparticle sizing
experiment results presented in the previous section.

Later on 10 pl of the diluted nanofluid that was
diluted in water for the DLS cluster sizing experiment
were deposited on a microscope slide. As the dimension of
the clusters is considerably bigger, a microscope slide
could be used as a substrate. The drop was stretched on the
microscope slide using the edge of another clean slide. The
thin layer was allowed for three hours to evaporate and
than was attached to the plate of the AFM microscope.

A big area (50 um x 50 pum) surface scan was carried
on and the topography of the surface is presented in Fig. 7.
We notice that on the Z axis the objects on the surface
measure hundreds of nanopameters.

wrd
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Fig. 7. Clusters on a microscope slide surface, on a
50 pm x 50 pm area scan.

In order to assess more precisely the dimension of the
objects on the surface several profiles were extracted. Two
of them are presented in Fig. 8 and 9.
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Fig. 8. A profile on the glass substrate.
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Fig. 9. Another profile on the glass substrate.

We notice that the difference between the base line
and the top of the cluster in the profile line is in the range
of 500 — 800 nm. This result is consistent with the cluster
dimension found by DLS.

4., Discussions

The two methods used in assessing the nanoparticle
dimension, the Dynamic Light Scattering and the Atomic
Force Microscopy are essentially different.

In the DLS technique the width of the autocorrelation
function of the time series is proportional to the diffusion
coefficient, which, on it’s turn, depends of the particle
diameter [28], [29]. The modified version used in this
work uses the power spectrum density, which has a
Lorentzian variation with the frequency and the
parameters of the curve depend of the diffusion
coefficient, which on its turn depends of the particle
diameter. Consequently this diameter is not the physical
diameter, but the hydrodynamic diameter.

The AFM technique uses an image reconstruction
from successive lines acquired during a scan of the
surface. A profile can be extracted form the topography of
the surface and the particle dimension can be assessed
from the profile.

Special care must be taken, as the cantilever tip has a
finite dimension, which is not fully controlled by the
technology used in manufacturing them. Moreover, the
cantilever is a consumable in the AFM technique, as the
tip wears out during scanning, by becoming less sharp,
therefore having a bigger tip radius. Even the sharp new
tips have a tip diameter around 40 nm and are used to scan
details on the order of 10 nm. Fig. 10 presents the tip in

two different positions during scanning over a
nanoparticle.
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Fig. 10. The cantilever tip position during scanning over
a nanoparticle, when meeting it (1) and when leaving it
(2) and the profile.
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The position 1 represents the moment when the tip
meets the nanoparticle and 2 when the tip leaves the
nanoparticle, when the tip moves from left to right. Above
the drawing of the catilever tip the consequent z profile
resulting in the scanning process is placed. We notice that
the horizontal nanoparticle dimension d1=x2-x1 is much
bigger than the actual d2 horizontal dimension of the
nanoparticle, while the vertical dimension h=z2-z1 of the
nanoparticle matches well the actual vertical dimension of
the nanoparticle, if the calibration is correct [37]. With this
in mind, when measuring nanoparticles using AFM the
horizontal dimension resulting from the topography image
or profiles should be avoided but the vertical dimension
should be used in assessing the nanoparticle size.

The AFM produces the physical diameter of the
nanoparticles on a substrate, not the hydrodynamic
diameter as the DLS, therefore the differences that occur
in the assessed diameters are natural.

The sample preparation procedure for AFM
measuring  requires  precautions and  attention.
Nevertheless, it is way faster, easier and less delicate that
the sample preparation procedure for TEM imaging.

5. Conclusions

In this work two experimental procedures that can be
used to assess nanoparticle and nanoparticle aggregates
diameter are described and used. The DLS provides an
average hydrodynamic diameter of the bigger scattering
centers, as presented in [24] and [35] and the diameter is
slightly different from the physical diameter. The modified
DLS technique presented in [35] can be used to monitor
the aggregates formation dynamics.

The AFM technique is more time consuming, as it
requires a thin layer deposition on a plane, even atomic
layer plane substrate. Moreover the scanning process is
time consuming, depending on the desired resolution. It
provides the physical diameter of the particle deposited on
the substrate. By extracting the dimension of a set pf
particles the size distribution can be derived.

The work presented in this article was carried on to
compare the two methods. The results were found to be
comparable, considering the aspects previously mentioned,
therefore we can conclude that the AFM method is a
complementary method to the classical DLS. Moreover,
the AFM can be used to investigate the small “tale” of the
size distribution, while the DLS is significantly less
sensitive for smaller sized nanoparticles if the particles
have a wider size distribution.
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